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ForcesBiologists have long recognized that dramatic bending of a cell sheet may be driven by even modest
shrinking of the apical sides of cells. Cell shape changes and tissue movements like these are at the core of
many of the morphogenetic movements that shape animal form during development, driving processes
such as gastrulation, tube formation, and neurulation. The mechanisms of such cell shape changes must
integrate developmental patterning information in order to spatially and temporally control force
production—issues that touch on fundamental aspects of both cell and developmental biology and on
birth defects research. How does developmental patterning regulate force-producing mechanisms, and
what roles do such mechanisms play in development? Work on apical constriction from multiple systems
including Drosophila, Caenorhabditis elegans, sea urchin, Xenopus, chick, and mouse has begun to illuminate
these issues. Here, we review this effort to explore the diversity of mechanisms of apical constriction, the
diversity of roles that apical constriction plays in development, and the common themes that emerge from
comparing systems.
© 2009 Elsevier Inc. All rights reserved.Introduction
Morphogenesis, the reorganization of cells and tissues into new
forms, is an essential part of animal development. Cell and tissue
reorganizations are driven by the forces that cells produce both
internally and on neighboring cells. These forces are generally pro-
vided by the molecular motors that walk on intracellular polymers,
the microﬁlaments and microtubules, or by polymerization and de-
polymerization of these polymers. How development controls these
forces, to accomplish the morphogenetic movements that shape the
ﬁnal form of an animal, is a largely unanswered and yet central issue
in developmental biology.
Biologists studying morphogenesis have recognized for over a
hundred years that shrinking one side of a cell may result in a
dramatic bending of a cell sheet. As early as 1902, Rhumbler proposed
that constriction of the apical sides of cells may drive the bending of
cell sheets in a variety of developmental systems (Fig. 1) (Rhumbler,
1902). Physical modeling in the 1940s tested the feasibility of this
hypothesis, with an epithelial sheet modeled using brass bars and
rubber bands (Lewis, 1947). Lewis' model demonstrated that inc-
reased tension on one side—produced by Lewis adding more rubber
bands to one side of his model—could result in bending.
Animals employ many distinct classes of morphogenetic move-
ments. This review focuses on one class, apical constriction, or thell rights reserved.active narrowing of cellular apices. Apical constriction occurs
throughout the metazoa, and in many organisms, apical constriction
ﬁrst occurs at early stages of embryogenesis (Fig. 2). This makes apical
constriction events valuable candidates for exploring the expected
links between early patterning processes, such as cell fate speciﬁca-
tion or apicobasal cell polarization, and the mechanisms that produce
force. Indeed, apical constriction is central to some key cases where
we already understand at least an outline of the links between cell fate
speciﬁcation and the forces that drive morphogenesis, such as
gastrulation in Caenorhabditis elegans and Drosophila melanogaster
and vertebrate neural tube formation (Fig. 3) (Chung and Andrew,
2008; Rohrschneider and Nance, 2009). Apical constriction also may
underlie some of the other classes of morphogenetic movements, for
example epithelial-to-mesenchymal transition and ingression (Keller
and Davidson, 2004).
How then does apical constriction occur in cells? The most
prevalent hypothesis is that apical constriction is driven by contraction
of an apical meshwork of ﬁlamentous actin (F-actin) by the molecular
motor myosin, but other mechanisms are plausible. Morphogenesis
has been hypothesized to depend on redundantmechanisms to a large
degree (Wieschaus, 1995). Do embryos use multiple, redundant
mechanisms to drive apical constriction? Are there general rules by
which apical constriction is regulated indiverse animal systems?What
mechanical contexts are required for mechanisms to work, and how
are these mechanical contexts established? We are also interested
in the roles that apical constriction can play in development. Are
commonprocesses driven by apical constriction in diverse organisms?
Are these processes conserved from ancestral animals of the past to
Fig. 1. Rhumbler's 1902 drawings of cell shape changes driving morphogenesis. Top: A
sea urchin embryo undergoing primary invagination. The vegetal-most part of the
embryo bends inward (arrowhead). Bottom: “Theoretical gastrulation scheme, to show
that invagination (b) of a cell plate (a) necessarily must take place if each cell changes
from form a1 (due to higher pressure on the pigmented side) to the form b1. The
invagination effect is signiﬁcant even though the change in cell form from a1 to b1 is
very small” (translation of ﬁgure legend in Rhumbler, 1902). We have inverted some
parts of this ﬁgure to match the orientation of tissue bending between drawings.
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portance because human neural tube closure depends on apical
constriction, and improper neural tube closure is one of the most
common human birth defects (Sadler, 2005).We focus on these issues
as we review some historical and well-studied examples of apical
constriction.
Sea urchin gastrulation: multiple mechanisms may drive tissue bending
Perhaps surprisingly, given the large repertoire of classes of
morphogenetic movements available to embryos, many organisms
have evolved a role for apical constriction in gastrulation (Stern,
2004). In gastrulating sea urchin embryos, cells on the vegetal sur-
face of the embryo become columnar, forming the vegetal plate.
The surface of this plate bends inward, a process termed primary
invagination (Figs. 1 and 2). Primary invagination is accompanied
by a number of other movements; here we discuss only the primary
invagination, which has been proposed to be driven by apical cons-
triction (for review see Davidson et al., 1995; Kominami and Takata,
2004).
The cells that undergo primary invagination form the archenteron,
or future gut. Computer modeling suggests that apical constriction of
cells in the vegetal plate could feasibly drive primary invagination, so
long as the extracellular matrix can be deformed easily—about as
easily as the cells can be deformed (Davidson et al., 1995). In principle
then, changes of individual cell shapes can drive tissue bending,
although other mechanisms for bending a cell sheet are possible
(Davidson et al., 1995). Forces generated within the vegetal plate aresufﬁcient to drive tissue bending, as invagination can occur normally
in a dissected vegetal plate (Moore and Burt, 1939; Ettensohn, 1984).
The cells proposed to undergo apical constriction have bands of actin
microﬁlaments associated with apical adherens junctions and also
spanning across the inside of each cell's apical surface, as might be
expected in cells undergoing apical constriction. But microﬁlaments
are also enriched apically in cells that do not undergo such shape
changes. Hence the presence of such an apical microﬁlament net-
work does not necessarily indicate that it will bend a cell sheet
(Ettensohn, 1984).
In certain species of sea urchin, a ring of cells along the edges of the
vegetal plate has been recognized to undergomore pronounced apical
constriction, as judged by scanning electron micrographs (Nakajima
and Burke, 1996, Kimberly and Hardin, 1998, Fig. 2). Cells in this ring
have been referred to as bottle cells, a term coined by Rufﬁni (1907)
for amphibian embryonic cells that are shaped like bottles, with
dramatically constricted apical sides and enlarged basolateral areas.
Bottle cells in sea urchin embryos have a greater enrichment of apical
arrays of F-actin than do other cells in the vegetal plate (Nakajima and
Burke, 1996). Laser ablation of bottle cells interferes with normal
invagination, whereas laser ablation of neighboring cells does not
(Kimberly and Hardin, 1998), consistent with the notion that apical
constriction may drive primary invagination. RhoA is required for the
initiation of primary invagination (Beane et al., 2006), as it is for apical
constriction and resulting tissue bending in other systems discussed
below. How are speciﬁc cells driven to apically constrict during
primary invagination? This is not yet clear, although calcium signaling
(Nakajima and Burke, 1996), Wnt/Frizzled signaling (Croce et al.,
2006), a transcriptional gene regulatory network (Davidson et al.,
2002a;Wu et al., 2008), and FGF signaling (Röttinger et al., 2008) have
all been implicated in regulating primary invagination. The links
between these regulators and RhoA activity have yet to be explored.
One key result is at odds with the model that actomyosin-
dependent apical constriction is the key driver of primary invagina-
tion: cytochalasin treatment, which should depolymerize F-actin
networks, fails to fully disrupt primary invagination in sea urchins
(Lane et al., 1993). This result suggests the possibility that other
mechanisms may provide force, either alone or redundantly with
actin-based mechanisms. Interestingly, among the mechanisms pro-
posed to drive apical constriction and tissue bending in sea urchins
during primary invagination is one in which vegetal plate cells
secrete extracellular matrix components into a multi-layered
structure, in a calcium regulated manner (Lane et al., 1993). In this
model, later-deposited matrix, secreted into a layer between the cells
and the earlier layers of matrix, swells as it hydrates, driving bending
of the matrix and hence the attached epithelial sheet. This is similar
to the way in which the thermal expansion of a layer of metal in a
thermostat's bimetallic strip can bend the entire strip. In Lane et al.'s
model, the proposed source of force is extracellular, driving cell
shape changes by bending of the matrix, rather than mediated by
intrinsic cell shape changes, an interesting departure from traditional
models. As an experimental model, sea urchin primary invagination
leaves a variety of possible mechanisms for tissue shape change and
some valuable tools for dissecting the contributions to forces made
by each.
Bottle cells in Xenopus gastrulation: roles for microﬁlaments and
microtubules
The amphibian archenteron also includes bottle cells at the site
where invagination begins (Holtfreter, 1943). Early embryologists
believed that amphibian bottle cells functioned in gastrulation be-
cause of the cells' unique shapes (Fig. 2). Rhumbler (1902) suggested
the possibility that these cells were actively migrating toward the
interior of the embryo. Experiments by Holtfreter (1944) were con-
sistent with this hypothesis, as isolated bottle cells could stretch in a
Fig. 2. Scanning electron micrographs of apically constricting cells in diverse systems. (A) Sea urchin vegetal plate (Kimberly and Hardin, 1998). (B) X. laevis midsagittal section at
early gastrula showing bottle cells (BC) and involuted mesodermal cell stream (MCS) (Keller, 1981). (C) Drosophila ventral furrow formation (Sweeton et al., 1991). (D) Chick
neuroepithelial medial and dorsal lateral hinge points. Scanning electron micrographs of transverse slices through the medial (left) and dorsal lateral (right) hinge points at the
future hindbrain level. Asterisk, notochord; w, s, wedge- and spindle-shaped cells, respectively (Schoenwolf and Smith 1990). Arrowheads mark bends in epithelia at proposed sites
of apical constriction.
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While no live imaging evidence exists for the activemigration of these
bottle cells in vivo, vital dye tracings demonstrate that these cells do
migrate to the interior of the embryo in Ambystoma mexicanum
(Lundmark, 1986). In addition, cell tracing experiments in which
labeled bottle cells from Xenopus laevis were grafted into unlabeled
host embryos demonstrate that bottle cells spread out and form the
anterior of the archenteron (Hardin and Keller, 1988).
X. laevis bottle cells (Fig. 4) are a potentially valuable model for
studying mechanisms of cell shape change in morphogenesis, as the
cells are large and readily treated with inhibitors. These cells can be
manipulated in culture much as sea urchin cells can be, and the
potential exists to identify key molecular players using genetic
screens in the model frog Xenopus tropicalis. Blastopore initiation
begins and proceeds on schedule in explants that include the bottle
cells (Hardin and Keller, 1988; Lee and Harland, 2007). When bottlecells are removed from X. laevis embryos, a truncated archenteron still
forms, and involution of the mesoderm cells still occurs, but archen-
teron length is compromised (Keller, 1981). Therefore, bottle cells
appear to initiate blastopore formation and to contribute to the full
extension of the archenteron in X. laevis.
A number of distinct mechanisms control cell shape in X. laevis
bottle cells. In vivo, the apical surfaces of these cells shrink while the
apicobasal sides lengthen. Isolated, cultured bottle cells contract
uniformly around the entire cell surface, suggesting that contraction is
an intrinsic behavior but that the apicobasal elongation seen in vivo
depends on contact with surrounding cells (Hardin and Keller, 1988).
This likely reﬂects a cellular mechanism that distinguishes the baso-
lateral and apical sides of bottle cells, or surfaces contacting other cells
and free surfaces, perhaps similar to a mechanism that has been
outlined in C. elegans, discussed below. F-actin and activated myosin
accumulate at the apical surfaces of bottle cells just before the apical
Fig. 3. Some of the known genetic pathways by which cell fate and cell polarity regulate apical constriction, in three selected systems (Lee and Treisman, 2004; Nance, 2005; Nance
et al., 2005; Gates et al., 2007; Lecuit, and Lenne, 2007; Lee et al., 2007; Anderson et al., 2008; Chung and Andrew, 2008, and references in text). For simplicity, some other
mechanisms for apical constriction are not diagrammed, and important links between contractile actomyosin networks and cell–cell adhesion proteins are omitted here.
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apical constriction (Lee and Harland, 2007). Furthermore, pharmaco-
logical inhibitors of F-actin or myosin demonstrate that they are both
required for bottle cell formation. Interestingly, treatment with a
microtuble depolymerizing drug, nocodazole, prevents full apical
constriction of bottle cells and invagination without affecting
apicobasal cell lengthening, and without apparent effects on F-actin
or activated myosin distribution (Lee and Harland, 2007). This result
suggests thatmicrotubulesmay have an as yet undeﬁned role in apical
constriction in Xenopus bottle cells.Fig. 4. Schematic diagrams of bottle cell formation. All images approximate midsagittal vie
posterior mesoderm (lighter shading) comprise the deep marginal zone. (B) The bottle c
result. (C) This causes reorientation of the vegetal edge of the marginal zone (anterior meso
1988).C. elegans gastrulation: cell manipulations and genetics meet to identify
key regulators
Unlike gastrulation in sea urchins or Xenopus, where entire cell
sheets are internalized, gastrulation in C. elegans involves the
internalization of many cells or groups of cells at distinct times. C.
elegans gastrulation begins at the 26-cell stage when two endodermal
precursor cells move from the perimeter to the inside of the embryo
(Fig. 5). This event is followed later by internalization of mesoderm
and germline precursors (Sulston et al., 1983; Nance and Priess,ws. (A) Prior to gastrulation, the prospective anterior mesoderm (darker shading) and
ells have undergone apical constriction. Arrows indicate movements hypothesized to
derm) such that it is now leading the movement into the blastocoel (Hardin and Keller,
Fig. 5. C. elegans gastrulation. (A) Illustrations of embryos just before (top) and during
(bottom) endodermal internalization. Green, endodermal progenitors. Two neighbor-
ing cells are marked in purple. Renderings by J. Iwasa based on confocal sections of
phalloidin-stained embryos (Lee et al., 2006). (B) Diagram showing where apical
constriction occurs (arrowheads). (C) Myosin is activated in the apical cortex of the
internalizing cells. Phospho-regulatory myosin light chain staining is in green (Lee et
al., 2006).
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thoroughly studied and is the focus of our discussion here.
Cell movements associated with C. elegans gastrulation can occur
in vitro, allowing mechanisms to be explored by cell manipulation
experiments as in sea urchins and Xenopus (Lee and Goldstein, 2003).
One revealing ﬁnding from such studies is that very few cells are
required for the movements of C. elegans gastrulation to occur: even a
line of embryonic cells in culture arranged in single ﬁle will fold at the
time of gastrulation (Lee and Goldstein, 2003). This makes clear that
mechanisms requiring large numbers of cells to work in concert, such
as multicellular purse string mechanisms, are not essential for cell
movements in C. elegans gastrulation. Some of the strengths of this
system lie in the ability to combine such manipulations with live cell
microscopy and genetics, and to study mechanisms of morphogenesis
at the level of individual cells, in a developmental system where
spatial patterning is so thoroughly studied.
Apical constriction plays a key role in C. elegans gastrulation. Just
before endodermal precursor cells internalize, the cell surface that
faces the perimeter of the embryo on each of these cells (the apical
surface) ﬂattens, and myosin II becomes enriched at this surface
(Nance and Priess, 2002). Although the apical surfaces become
smaller until they disappear at the time of cell internalization, these
cells do not become noticeably bottle-shaped. Contraction of apical
cell surfaces was revealed by tracking the movements of ﬂuorescent,
microscopic beads placed on the surfaces of the endodermal precursor
cells (Lee and Goldstein, 2003). The observed surface movements
exclude the possibility that shrinking of the apical surface reﬂects onlya ﬂow of apical surface to lateral positions—a possibility that is
difﬁcult to exclude in many systems. Myosin has been implicated in
driving apical constriction because pharmacological inhibitors of
myosin activity prevent the endodermal precursors from internalizing
(Lee and Goldstein, 2003). In addition, apical myosin becomes
activated near the time that gastrulation begins: apically localized
myosin regulatory light chain is phosphorylated at a residue that in
other systems unkinks myosin heavy chains, allowing myosin
complexes to bundle into bipolar ﬁlaments, which can bind to and
walk on actin ﬁlaments (Lee et al., 2006; Somlyo and Somlyo, 2003).
These results suggest that local activation of myosin shrinks the apical
actin mesh. Actin architecture is likely to be important as well. Indeed,
the Arp2/3 actin-nucleating complex has been reported to localize to
the cell cortex in gastrulating embryos, and depletion of this complex
results in failure of endodermal precursor cells to internalize on
schedule (Severson et al., 2002; Roh-Johnson and Goldstein, 2009).
Do neighboring cells contribute to internalization of the endoderm
precursors? When neighboring cells were removed and reassociated
with endodermal precursor cells in various orientations, the neigh-
boring cells still moved in a direction consistent with the hypothesis
that apical constriction in endodermal precursors drives the move-
ment of the neighboring cells, suggesting that neighboring cell
polarity is not important for the bulk of their movement (Lee and
Goldstein, 2003). However, short, actin-rich extensions form on three
of the six neighboring cells of the ring that closes beneath the
endoderm precursors, and Arp2/3-depleted embryos that fail to
gastrulate also fail to produce these extensions, raising the possibility
that the extensions might contribute to completion of endodermal
internalization in vivo (Nance and Priess, 2002; Roh-Johnson and
Goldstein, 2009).
C. elegans genetics has identiﬁed multiple regulatory inputs that
are important for gastrulation, including inputs that specify which
cells should enrich myosin to one side, inputs that specify to which
side of a cell this enrichment should occur, as well as a signaling input
that directs activation of myosin. Cell fate speciﬁcation genes
including genes encoding endodermal GATA factors are necessary
for early cell internalization, and embryos with ectopically speciﬁed
endoderm have ectopic early cell internalization, suggesting that
endoderm fate is both necessary and sufﬁcient for early cell
internalization (Lee et al., 2006). One aspect of endodermal cell fate
is a gap phase uniquely introduced to the cell cycle of endodermal
progenitors one cell cycle after the endoderm precursor cell is born,
which is near the time of cell internalization (Sulston et al., 1983;
Edgar and McGhee, 1988). This pause is required for internalization,
possibly because it delays a reorganization of the actomyosin
cytoskeleton that normally accompanies cell division (Lee et al.,
2006; Oegema and Hyman, 2006).
For the endodermal precursor cells to accumulate myosin near
their apical surfaces, an apical surface must be established. PAR
proteins function in anteroposterior polarization of the embryo ﬁrst,
and are known to become apicobasally polarized later, starting at the
four cell stage (see Goldstein and Macara, 2007 for review). To test
whether PAR proteins function in apicobasal polarization, Nance and
colleagues devised a clever method for degrading the polarity
proteins PAR-3 or PAR-6 speciﬁcally in somatic cells, adding a motif
from another protein that becomes degraded in somatic cells. They
demonstrated in this way that PAR-3 and PAR-6 are required for
apical ﬂattening, apical myosin enrichment, and timely cell internal-
ization (Nance et al., 2003). Elegant cell manipulation experiments
revealed that these PAR proteins' localization depends on where cells
contact each other: only contact-free membranes accumulate apical
PAR proteins, establishing an apical domain at the contact-free surface
(Nance et al., 2003). Myosin later accumulates at apical domains, and
this is dependent on apical PAR proteins (Nance et al., 2003). Once
myosin becomes enriched apically, it becomes activated downstream
of a Wnt–Frizzled–Dishevelled signaling pathway that causes
Fig. 6. Forces driving Drosophila ventral furrow invagination. Tracings of transversely
fractured scanning electron micrographs. Cells that apically constrict are colored
yellow. Adjacent cells in the ventral plate that develop ﬂattened apical surfaces but do
not constrict apically are colored red-orange. Small arrows outside or within cells
represent the presumed vectors of forces within these cells as a result of apical
constriction or cell elongation or shortening. Larger arrows indicate cumulative forces
predicted from the combined forces of individual cells (Costa et al., 1993).
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kinase (Lee et al., 2006, Fig. 3).
These results paint the outlines of a potentially generalizable
mechanism for cell internalization by apical constriction: Among cells
that polarize PAR proteins apicobasally, the cells with the right cell
fate speciﬁcation machinery enrich myosin where the apical PAR
proteins become localized—at contact-free surfaces. Activation of
myosin can then result in shrinking themyosin-enriched, contact-free
surfaces of any such cells, pulling neighboring cells across the free
surfaces and, as a result, displacing the apically constricting cells
toward the interior. The ability to shrink any exterior surface of
speciﬁc cells could, in theory, make it possible for a cell to internalize
regardless of which speciﬁc surfaces initially contact other cells.
How then do certain PAR proteins become enriched only apically
in response to cell contacts? Anderson et al. (2008) screened for genes
required for cell contact-dependent PAR protein localization and
identiﬁed a key intermediate, a RhoGAP domain-containing protein,
PAC-1. PAC-1 localizes to the cell cortex at cell–cell contact zones,
where it has been proposed to inactivate CDC-42 at these zones,
potentially restricting the active form of CDC-42 to contact-free cell
surfaces. Active CDC-42 interacts with a semi-CRIB domain in PAR-6,
and through this interaction is thought to establish apical localization
of PAR-6 and PAR-6 complex members in these cells. PAC-1 loca-
lization to contact zones is therefore the earliest known step in
recognizing contact zones as unique, spatial information that is critical
to PAR protein andmyosin localization. How PAC-1 becomes localized
to contact zones is an interesting topic for future study.
Drosophila gastrulation: links from cell fate to the cytoskeletal
machinery that provides force
The initiation of morphogenesis in fruit ﬂies begins with the
internalization of the future mesoderm at the ventral furrow, forming
a tube in the interior of the embryo (Leptin and Grunewald, 1990).
Ventral furrow formation is perhaps the most well studied example of
apical constriction, and the cellular shape changes that occur have
been thoroughly described. First, a stripe of cells 18 cells wide and 60
cells long, spanning most of the embryo's ventral midline (6–86% egg
length), begins to apically ﬂatten. Within this stripe, after ﬂattening,
cells of the midventral domain, 12 cells in width, begin to reduce the
diameter of their apical surfaces. As these ventral midline cells
apically constrict, small blebs form on the apical membrane surfaces,
possibly aiding in the reduction of apical surface area (Turner and
Mahowald, 1977; Costa et al., 1994). Other rearrangements can be
seen as ventral midline cells' apical surfaces begin to shrink. For
instance, cytoplasm and the nuclei of the midline cells shift basally
(Leptin and Grunewald, 1990). The cells also elongate along their
apicobasal axes up to 1.7 times their original lengths, and then expand
their basal surfaces (Leptin and Grunewald, 1990; Sweeton et al.,
1991). After reaching their maximum lengths, the ventral furrow cells
begin to shorten back to their original length, while remaining cons-
tricted apically (Sweeton et al., 1991). Shortening of each cell results
in a wedge shape that may help to move the ventral furrow beneath
the epidermis (Costa et al., 1993). Completing the process, the lateral
epidermis covers the tube of mesoderm, pinching it off from the
overlying ectoderm (Fig. 6) (Poulson, 1950; Sonnenblick, 1950; Leptin
and Grunewald, 1990).
The power of Drosophila as a genetic model system is illustrated by
a pathway that spans from cell fate speciﬁcation to the force-
producing mechanisms that drive apical constriction in gastrulation
(Fig. 3). Determination of mesodermal fate is governed by the
maternal transcription factor Dorsal, which activates ventral expres-
sion of the zygotic transcription factors Snail and Twist (Simpson,
1983; Nusslein-Volhard et al., 1984; Thisse et al., 1987). Loss of Snail
and Twist prevents furrow invagination (Leptin and Grunewald,
1990; Sweeton et al., 1991) and expands lateral cell fates toward theventral midline (Costa et al., 1993). No targets of Snail that function in
ventral furrow formation have been identiﬁed thus far, but targets of
Twist with speciﬁc roles in cell shape changes have been identiﬁed.
Loss of the Twist target Folded Gastrulation (Fog), a secreted protein,
leads to uncoordinated constriction during gastrulation, in which cell
shape changes are initiated in many cells at the correct time, but some
cells fail to undergo apical constriction (Sweeton et al., 1991; Costa et
al., 1994). Loss of the Gα protein Concertina (Cta) results in a similar
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1998). Presumably, there is a G-coupled receptor that links Fog sig-
naling to Cta; to date, it remains unknown. Interestingly, the secretion
of Fog protein is apically polarized, and Fog is both necessary and
sufﬁcient to target myosin to the apical side of the cell (Dawes-Hoang
et al., 2005). A second downstream target of Twist, the transmem-
brane protein T48, functions in parallel to Fog-Cta signaling (Kolsch
et al., 2007). Loss of both Cta and T48, each of which have weak
gastrulation phenotypes, i.e., uncoordinated apical constriction,
results in failure to make a furrow, suggesting that these two path-
ways act partially redundantly (Kolsch et al., 2007).
How do these proteins result in force generation? Both the Fog-Cta
and T48 pathways converge on the localization of RhoGEF2, a
regulator of the Rho family GTPases (Barrett et al., 1997; Rogers et
al., 2004; Kolsch et al., 2007). In RhoGEF2 mutants, apical constriction
does not occur and the ventral furrow never forms, as in the Cta and
T48 double mutants (Barrett et al., 1997; Hacker and Perrimon, 1998,
Kolsch et al., 2007). Both T48, which directly binds RhoGEF, and Cta
mildly affect the localization of RhoGEF2, but if both proteins are
absent, RhoGEF2 does not become apically localized (Kolsch et al.,
2007). Disruption of RhoGEF2 in ventral furrow cells disrupts myosin
accumulation and localization, and the cells are unable to constrict
(Nikolaidou and Barrett, 2004). A similar, albeit not as dramatic,
myosin mislocalization phenotype has been observed in cta mutants
(Nikolaidou and Barrett, 2004; Fox and Peifer, 2007). RhoGEF2 most
likely functions through activation of Rho1, since dominant-negative
Rho1 results in ventral furrow defects (Barrett et al., 1997). Both the
myosin II regulatory light chain Spaghetti Squash (Sqh) and the
myosin II heavy chain Zipper (Zip) become relocalized from the basal
side of the cell to the apical side, along with RhoGEF2, which ﬂy cell
culture has demonstrated to be bound to microtubule tips via EB1
(Rogers et al., 2004; Nikolaidou and Barrett, 2004). Interestingly,
activated Cta is also required to unload RhoGEF2 from microtubule
tips to the plasma membrane (Rogers et al., 2004), by an unknown
mechanism. Together, these ﬁndings build a pathway that links cell
fate through signaling components to cytoskeletal regulators (Fig. 3).
If myosin activation and localization is key, then a speciﬁc F-actin
organization would be predicted to be important as well. Early work
proposed that the apical F-actin cytoskeleton was required for
internalization of the ventral furrow cells (Young et al., 1991). Further
work has explored just how the actomyosin meshwork must be
organized and dynamically regulated for apical constriction to occur.
Abelson (Abl), a non-receptor tyrosine kinase, is required for the
correct localization of F-actin within the ventral furrow cells (Fox and
Peifer, 2007). ablmutants also have uncoordinated apical constriction
at the ventral furrow, like fog and cta mutants. cta mutants do not
have mislocalized F-actin, but RhoGEF2 mutants do, suggesting that
Abl functions in parallel to RhoGEF2 in regulation of F-actin
localization. Abl targets F-actin organization through a known target,
the actin regulator Enabled (Ena). Within the ventral furrow cells, Abl
regulates Ena localization, restricting it from the apical end (Fox and
Peifer, 2007). One other actin regulator implicated in ventral furrow
formation is the formin protein Diaphanous (Dia), which along with
Rho kinases is a Rho effector, suggesting that actin regulation and
myosin regulation might be coordinated by multiple Rho effectors
upon Rho activation (Homem and Peifer, 2008). RhoGEF2 and Dia are
also necessary during cellularization for the correct assembly of actin
ﬁlaments that are required for the proper infolding of the plasma
membrane (Grosshans et al., 2005).
The actomyosin network of each ventral furrow cell spans beneath
the entire apical surface of the cell and also forms circumferential
belts at the apical boundaries with neighboring cells, at adherens
junctions (Costa et al., 1993; Martin et al., 2009). Martin et al. (2009)
have proposed that apical constriction is driven by pulsed coales-
cences of the actomyosin meshwork across the entire apical surface,
rather than being driven by the circumferential belts of actin. Eachpulse of actomyosin coalescence appears to shrink the apical surface,
and, in general, each coalescence does not retreat, suggesting the
existence of a ratchet-like mechanism limiting expansion of the apical
cytoskeleton after each constriction. Interestingly, differential roles
for the mesoderm speciﬁcation proteins Snail and Twist were found:
Snail promotes contraction, whereas Twist is necessary to prevent
relaxation after each contraction, suggesting that the proposed
ratchet involves one or more Twist targets (Martin et al., 2009).
Interestingly, invagination of the furrow can be rescued in snail
mutants by mechanical deformation of the mesodermal cells, as long
as the Twist target Fog is still present (Pouille et al., 2009). This is
consistent with the hypothesis that Snail's role is in producing
mechanical deformation, or contraction, and that Twist-dependent
ratcheting is important to maintain contracted states. Mechanical
deformation can induce Twist expression, suggesting an intriguing
feedback loop between gene expression and deformation of cells that
may serve to coordinate cells and increase the robustness of the
system (Farge, 2003; Desprat et al., 2008). Such feedback between
gene expression and deformation of cells has not been explored
similarly in other systems for apical constriction, to our knowledge.
These coordinated cell shape changes occur within a tissue in
which cells are mechanically coupled. The actomyosin coalescences
that ratchet the apical surfaces together are attached to adherens
junctions at discrete sites. As each cell pulls the plasma membrane
inward, connected to its neighbors, the result is the coordinated apical
constriction across the epithelial sheet (Martin et al., 2009). In fact, if
the adherens junctions are disrupted, myosin II coalesces into a ball
detached from the cell contact zones, in the apex of each cell, and cells
fail to change shape (Dawes-Hoang et al., 2005). Therefore, the
adherens junctions provide mechanical links between the apical
actomyosin network and the plasma membranes at cell contacts.
Interestingly, apical localization of adherens junction components
depends on Bazooka, a homolog of C. elegans PAR-3. PAR-3 functions
in C. elegans gastrulation as well, but in apical enrichment of myosin
rather than of adherens junction complex members, suggesting that
similar apicobasal cell polarity inputs can function differently in the
two systems (Müller and Wieschaus, 1996; Nance et al., 2003; Harris
and Peifer, 2004).
Although the F-actin meshwork is connected to the adherens
junctions, this connection is not thought to be a direct link from F-
actin to the adherens junction proteins alpha catenin, beta catenin,
and cadherin (Drees et al., 2005; Yamada et al., 2005). Instead, other
adhesion proteins may provide a mechanical link to the adherens
junction complex. For instance in ﬂy gastrulation, the afadin homolog
Canoe, a scaffolding protein, aids in connecting the adherens junction
to F-actin (Sawyer et al., 2009). The GTPase Rap1 regulates this
interaction, and in both Rap1 and Canoe mutants, actomyosin
coalesces into apical balls (Sawyer et al., 2009).
The internalization of the endoderm of the posterior midgut is also
completed by an apical actomyosin constriction. At the posterior pole,
a population of cells under and near the pole cells forms a cup-shaped
invagination (Costa et al., 1993). Similar to ventral furrow formation,
formation of the posterior midgut invagination begins with apical
ﬂattening (Sweeton et al., 1991). As the apices constrict, the nuclei
move basally, and the cells increase their apicobasal lengths and
expand their basal widths (Turner and Mahowald, 1977; Sweeton et
al., 1991; Costa et al., 1993). Many of the proteins used in ventral
furrow formation also drive posterior midgut invagination, but there
are some interesting differences that demonstrate that the redun-
dancy of mechanisms can vary between tissues. In the ventral furrow,
mutations in Fog and Cta only partially disrupt invagination, whereas
in posterior midgut invagination, loss of either of these two proteins
completely prevents invagination (Parks and Wieschaus, 1991;
Sweeton et al., 1991). RhoGEF2 is also required for posterior midgut
invagination, again most likely via Rho1 (Barrett et al., 1997), and
cytoplasmic myosin is localized apically in posterior midgut cells
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morphogenetic movements besides apical constriction contribute to
posterior midgut invagination: dorsal retraction and germband
elongation (Costa et al., 1993). Also, Canoe does not seem to be
essential for posterior midgut invagination, though Rap1 may still
play a role (Sawyer et al., 2009). The model developed for Drosophila
gastrulation, in both ventral furrow formation and posterior midgut
invagination, has close parallels in other morphogenetic events in
Drosophila, as discussed below.
Drosophila eye morphogenetic furrow: a traveling wave of cell
shape changes
Patterning of the Drosophila eye is accompanied by a wave of
apical constriction (Fig. 7) that passes across a sheet of epithelial cells,
the eye imaginal disc. This wave is driven by a wave of cell–cell
signaling events. In the posterior margin of the eye imaginal disc,
some of the epithelial cells differentiate as photoreceptor neurons.
Once differentiated, these cells secrete a Hedgehog ligand, which
activates a signaling pathway in the anterior neighboring cells
(Heberlein et al., 1993). Responding to this pathway, the latter cells
enter cell cycle arrest, followed by apical constriction, resulting in the
formation of a dorsoventral groove known as the morphogenetic
furrow (Ready et al., 1976; Tomlinson, 1985). Most of the cells in the
furrow soon re-enter the cell cycle, relax, and resurface. Some of the
cells undergo cell shape changes and differentiate, becoming the next
group of photoreceptors. These newly differentiated cells then induce
a new wave of Hedgehog-dependent furrow induction, received by
the next row of anterior epithelial neighbors. Thus, over the course of
a few hours, there is a wave of morphogenetic furrow progression
from posterior to anterior, followed by a synchronized process of
neuronal differentiation (Ready et al., 1976).
Morphogenetic furrow progression in the eye imaginal disc
probably contributes to the planar polarity of the disc epithelium
(Chanut and Heberlein, 1995), but it is not completely clear whether
apical constriction is needed for cells to properly differentiate. One
hypothesis yet to be tested is that apical constriction may result in
accumulation of receptors, such as Notch or EGFR, on the apical
membrane, allowing cell communication and successive rounds of
differentiation to take place (Wolff and Ready, 1991).
Apical constriction in the eye furrow involves some of the same
proteins used by ventral furrow cells to achieve apical constriction
during gastrulation. F-actin and myosin II accumulate at the apical
cortex, and activation of myosin II allows the actomyosin apical
network to contract, promoting constriction. Myosin activation isFig. 7. Apicobasal shortening of cells within the morphogenetic furrow. Schematic of a cross s
are apically constricted and shorter within the morphogenetic furrow (MF, blue cells). Dark b
(PM), overlies the columnar cells (Schlichting and Dahmann, 2008).mediated through phosphorylation of its regulatory light chains by a
Rho-dependent kinase (ROK) and negatively regulated by a myosin
regulatory light chain phosphatase (Lee and Treisman, 2004; Corrigall
et al., 2007; Escudero et al., 2007). Although ROK activates myosin II,
there are likely to be other inputs to myosin activation, as
phosphomimetic myosin but not constitutively active ROK is
sufﬁcient for formation of ectopic morphogenetic furrows (Corrigall
et al., 2007; Escudero et al., 2007). Microtubules also play a role here,
in normal actin organization: apical accumulation of the actomyosin
network is accompanied by apical accumulation of stabilized micro-
tubules, and severing of microtubules by expression of the severing
protein Spastin results in failure of the cells to apically constrict
(Corrigall et al., 2007).
One signiﬁcant difference between the eye morphogenetic furrow
and the ventral furrow lies in the regulation of the actomyosin
network. Unlike the ventral furrow, genetic evidence suggests that
there is no role for RhoGEF2 in regulating Rho1 to promote apical
constriction in the eye morphogenetic furrow (Corrigall et al., 2007).
In addition, there is no genetic evidence to date for regulation of F-
actin reorganization by Abl or Ena, which function in ventral furrow
formation (Corrigall et al., 2007; Fox and Peifer, 2007). There is at least
one actin regulator that functions in both systems: the formin
Diaphanous (Dia) is needed for apical accumulation of F-actin and
myosin and for apical constriction to take place in both the eye
morphogenetic furrow and the ventral furrow (Grosshans et al., 2005;
Corrigall et al., 2007; Homem and Peifer, 2008). The stories diverge
signiﬁcantly when it comes to the molecular pathways that govern
cell fates, determining which cells will apically constrict. Unlike
mesodermal cells in the ventral furrow, Twist and Snail do not have a
role in eye patterning. Instead, Hedgehog signaling acts with the BMP
homolog Decapentaplegic (Dpp), regulating microtubule stabiliza-
tion, F-actin apical accumulation, myosin regulatory light chain
phosphorylation, and Cad86C expression, which in concert lead to
apical constriction and formation of the morphogenetic furrow
(Corrigall et al., 2007; Schlichting and Dahmann, 2008; Vrailas and
Moses, 2006; Escudero et al., 2007). Hence, different fate regulators
and intracellular signals can function upstream of common cytoskel-
etal players to drive apical constriction in different tissues.
Drosophila trachea and salivary glands and the chick inner ear:
formation of tubes and vesicles
Tube formation is another morphogenetic process that involves
apical constriction. Two well-studied cases, the tracheal tubes and the
salivary glands in Drosophila, give us some insights into the cellularection through the eye imaginal disc. Columnar cells of the eye imaginal disc epithelium
lue lines indicate zonula adherens. A layer of squamous cells, the peripodial membrane
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tube formation. Tube formation in both cases starts with cells at the
embryonic surface apically constricting and invaginating (Fig. 8).
Further branching and elongation by cell migration and convergent
extension results in tubular structures with diverse functions (Myat,
2005).
The tracheal system is an interconnected network of branched
epithelial tubes, responsible for gas transport. Trachea forms from
clusters of cells, each called a tracheal placode (Myat, 2005). During
embryogenesis, 10 placodes invaginate on each side of the Drosophila
embryo. The onset of each of these invaginations is marked by apical
constriction of about six cells in each placode. As the invagination
deepens, it appears to turn (Fig. 8), resulting in the formation of a
ﬁnger-like invagination turned dorsally below the embryo surface
(Brodu and Casanova, 2006). As in other systems, apical constriction is
preceded by an accumulation of F-actin and myosin II at the apical
cortex of each constricting cell (Brodu and Casanova, 2006). Myosin
and F-actin enrichment are interdependent, as mutant isoforms of
myosin that cannot bind to actin fail to localize apically and,
conversely, F-actin is not apically enriched in myosin mutants
(Brodu and Casanova, 2006).
Tracheal apical constriction is regulated by upstream patterning
genes. Cell fate is governed by the Trachealess bHLH/PAS transcrip-
tion factor. Trachealess expression deﬁnes a region of cells that will
later invaginate, positively regulating actomyosin accumulation and
apical constriction by activating the EGFR signaling pathway through
transcription of the EGF regulator Rhomboid (Affolter and Caussinus,
2008; Brodu and Casanova, 2006; Nishimura et al., 2007). This
regulation of actomyosin accumulation is mediated by Rho activity, by
the function of the RhoGAP Crossveinless and its downstream target
Rho1 (Brodu and Casanova, 2006).
The Drosophila salivary glands originate from two ventrolateral,
ectodermal placodes (Myat and Andrew, 2000a,b). The cells found in
these placodes apically constrict and invaginate in a sequential
manner during embryogenesis, starting from the dorsal-posterior
portion of the placodes and progressing to other regions. F-actin and
myosin accumulate at the apical cortex of constricting cells (Nikolai-
dou and Barrett, 2004), and ROK-dependent phosphorylation of
myosin contributes to apical constriction (Xu et al., 2008). Similar to
the eye morphogenetic furrow, ROK mutants show only partial
defects, suggesting that other kinases act redundantly with ROK to
activate myosin contraction. ROK is again regulated here by Fog, Cta,
RhoGEF2, and Rho1 (Nikolaidou and Barrett, 2004, Xu et al., 2008), asFig. 8. Schematic of cell shape changes during tracheal invagination. The dark line
delineates the apical surfaces of the cells. Before invagination (left), cells form a ﬂat
epithelium. At the onset of invagination (middle), a small group of cells has apically
constricted (red arrowhead). The invagination lengthens into a tube that turns dorsally
(right) (after Brodu and Casanova, 2006).well as by 18wheeler, a Toll receptor protein that promotes Rho
signaling, possibly through inhibition of the RhoGAP crossveinless
(Nikolaidou and Barrett, 2004; Kolesnikov and Beckendorf, 2007).
Interestingly, comparing phalloidin staining to anti-actin labeling in
these cells shows that while total actin is evenly distributed along the
cortex, ﬁlamentous actin is enriched speciﬁcally at the apical domains
of the constricting cells. The kinase Tec29 maintains the imbalance
between ﬁlamentous and monomeric actin (Chandrasekaran and
Beckendorf, 2005).
During formation of the chick inner ear, otic ectodermal cells
apically constrict, forming a vesicular otocyst within the head
mesenchyme (Meier, 1978; Alvarez and Navascues, 1990). Elegant
experiments involving extracted chicken tissues treated with various
compounds suggested that the invagination of the ectodermal cells
does not rely solely on cell-autonomous apical constriction, but
probably involves forces exerted from the surrounding mesenchyme
(Hilfer et al., 1989). Interestingly, apical constriction of the otic ecto-
dermal cells involves an unconventional mechanism for F-actin
localization. Instead of co-localizing with F-actin at the apical cell
cortex, phosphorylated myosin accumulates at the basal domains of
the cells, and its activity leads to local F-actin depletion and the
resulting enrichment of F-actin at the apical domain (Sai and Ladher,
2008). Myosin-dependent F-actin depletion has been shown previ-
ously both in vitro (Haviv et al., 2008) and in vivo (Medeiros et al.,
2006), but the mechanism(s) behind this is not yet clear. It is
interesting to note that reciprocal localization of myosin II and F-actin
is also detected during early neural tube formation (Sai and Ladher,
2008).
Drosophila dorsal closure and Xenopus wound healing: apical
constriction contributes to sealing openings
Dorsal closure occurs halfway through Drosophila embryogenesis,
when a pair of lateral epithelial sheets migrates from each side of
the embryo, closing a hole on the dorsal side (Campos-Ortega and
Hartenstein, 1985). Prior to this, the hole is transiently ﬁlled by an
extra-embryonic epithelium, the amnioserosa.
The forces that drive dorsal closure have been dissected exten-
sively by examiningmovements that occur as immediate responses to
cutting speciﬁc tissues using a laser. Forces produced by both the
amnioserosal cells and the cells of the epidermis regulate dorsal
closure. The leading edge of the advancing epidermis forms a supra-
cellular actin cable whose contraction contributes forces for dorsal
closure (Kiehart et al., 2000). Initially, it was thought that the lateral
epidermis migrated over passive amnioserosal cells (Campos-Ortega
and Hartenstein, 1985). However, transmission electron microscopy
has revealed that the amnioserosal cells shift from a squamous to a
columnar cell shape, constricting their apical surfaces during dorsal
closure (Rugendorff et al., 1994). Amnioserosal cells also drop out of
the plane of the surface of the embryo (Kiehart et al., 2000) by apical
constriction coupled to apoptosis (Toyama et al., 2008). When
amnioserosal cells were severed by laser cutting, or selectively killed
by expressing ricin in these cells, dorsal closure was impaired (Kiehart
and Franke, 2002; Scuderi and Letsou, 2005). These results indicate
that the amnioserosal cells contract, contributing to closure forces.
The amnioserosal cell forces can act redundantly with the
supracellular purse string in producing forces that drive dorsal closure
(Kiehart et al., 2000; Hutson et al., 2003). When amnioserosal cells are
cut with a laser, the leading edge recoils, but ultimately dorsal closure
completes. The same is true for the leading edge—when the leading
edge is severed, dorsal closure still completes. However, when both
the amnioserosal cells and supracellular purse string are severed,
dorsal closure is impaired (Kiehart et al., 2000), indicating that either
tissue is able to compensate for cuts in the other. The recoil seen after
cutting either tissue indicates that both tissues are under tension.
Before dorsal closure begins, amnioserosal cells undergo cycles of
Fig. 9. Apical constriction of deep cells during epithelial wound healing. Schematic of
embryonic wound healing in the X. laevis animal cap ectoderm. An excisional wound
was made that removed only the outer cell layer of the two cell-layered animal cap
ectoderm. Apical constriction drives reduction in wound size (Davidson et al., 2002b).
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appears to feed back on this cycling behavior, as cutting amnioserosal
cells arrests or weakens neighboring cells' contraction cycles (Solon et
al., 2009).
Actin and myosin regulators have been identiﬁed as players in
amnioserosal movements (Jacinto et al., 2002), including a Rac GTPase
that functions speciﬁcally in apical constriction of the amnioserosal
cells (Harden, 2002). Overexpression of a constitutively active form of
Rac leads to overconstriction of the amnioserosal cells, and the cells
then begin to pull away from the leading edge of the epidermis.
Interestingly, in contrast to these studies, it has also been found that
Rac triple mutant embryos do not have defects in amnioserosal cell
contraction (Woolner et al., 2005). Thus the role of Rac signalling in
amnioserosal cells is still unclear. Further studies using a myosin
heavy chain (Zip) mutant reveals that amnioserosal cells that do not
express this myosin II fail to apically constrict, remaining rounded
(Franke et al., 2005). Rho1 and Dia also play roles in amnioserosal cell
constriction, both stabilizing F-actin and activating myosin (Homem
and Peifer, 2008). Dpp signaling through the type I receptor thick
veins (tkv) activates this contraction (Fernandez et al., 2007),
although how it does so is not yet clear. Integrins are also required
to adhere the epidermis and the amnioserosal cells during this move-
ment (MacKrell et al., 1988; Hutson et al., 2003).
Wound healing is a process that requires cell shape changes and
coordinated cell movements. Like dorsal closure, wound healing
requires the spreading and fusion of epithelial sheets. Wound healing
involves forces provided by a contractile, supracellular purse string
(Redd et al., 2004; Martin and Parkhurst, 2004; Clark et al., 2009), but
a clear, primary role for apical constriction of cells in thewound exists,
at least in one system (Davidson et al., 2002b). During wound
healing in the animal cap of Xenopus embryos, F-actin accumulates in
a purse string around thewoundmargin. Davidson et al. (2002b) have
performed elegant experiments to test whether the purse string or
apical constriction of deep cells drives wound closure in Xenopus. If a
supracellular actin purse string mechanism provides the force, there
would be at least two predictions. First, if a square wound is gene-
rated, with sharp corners, then as the wound shrinks, purse string
forces should cause the wound proﬁle to become rounded. Second,
the woundmargin should be under tension as it closes. To test the ﬁrst
prediction, the authors made square and rectangular wounds. As the
wounds healed, they maintained squared corners, and a triangular
wound even closed through a Y-shaped intermediate. Second, a
wound was created, allowed to heal for 15 min, and then two nicks
were made across the purse string cable. Perhaps surprisingly, no
recoil was observed, and the rate of wound closurewas unaffected. If a
purse string does not provide the force for closure, what does?
Davidson et al. propose that contraction of the apical surfaces of cells
deep in the wound provides a driving force for wound closure (Fig. 9).
Vertebrate neural tube formation: hingepoint cells bend a sheet
Formation of the neural tube is a complex morphogenetic process
that involves a diverse collection of cell movements and cell shape
changes, both extrinsic and intrinsic to the neuroepithelium
(reviewed by Sadler, 1998). There are two mechanisms by which
the neural tube forms, known as primary and secondary neurulation.
Primary neurulation occurs in the brain and future trunk region, and
refers to the folding of the neuroepithelium into a tube. Secondary
neurulation occurs in the posterior neural tube and refers the con-
densation of mesenchymal cells into a solid rod, followed by an
epithelial transition into a tube (Lowery and Sive, 2004). Mechanisms
of neural tube formation are of added interest because failure of the
neural tube to close is a leading cause of congenital birth defects
(Detrait et al., 2005; Harris and Juriloff, 2007). Of particular interest to
this review is primary neurulation, in which a group of cells in the
neuroepithelium, known as hingepoints cells, apically constricts,aiding in the bending of the neural plate. There are two types of
hingepoint cells in the neural tube: the medial hingepoint and the
paired dorsal lateral hingepoints. Themedial hingepoint is established
in the ventral neural tube, and forms the neural groove (Schoenwolf
and Smith, 1990) (Figs. 2 and 10). Paired dorsal lateral hingepoints are
found at the base of the neural folds (Fig. 2), where the neural plate
bends around the dorsal lateral hingepoints and the neural folds
converge (Schoenwolf and Smith, 1990) (Fig. 10).
Although the spatio-temporal development of hingepoint cells
varies between model systems, hingepoint cells share a common
description: these cells undergo a distinct change in cell shape in
which cells become wedged, and the apical surfaces narrow. This
occurs in a variety of vertebrate systems, including amphibians (Baker
and Schroeder, 1967; Burnside, 1971; Schroeder, 1970), birds
(Karfunkel, 1972; Schoenwolf and Franks, 1984), and mammals
(Moore et al., 1987; Morriss-Kay, 1981; Shum and Copp, 1996).
Patterns of bending in the neural tube have been shown to correlate
with regions of apical constriction in the neuroepithelium (Bush et al.,
1990; Nagele and Lee, 1987). Dense distributions of microﬁlaments
Fig. 10.Medial and dorsal lateral hingepoint cells in vertebrate neurulation. Schematic
representation of a transverse section through the future hindbrain level of a chick
embryo, illustrating the characteristics of neurepithelial cells in the medial hingepoints
(asterisk), dorsolateral hingepoints (double asterisks), and lateral neural plate between
the hinge points. n, notochord; se, surface ectoderm (Schoenwolf and Smith 1990).
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leading to the long-standing hypothesis that a contractile network is
responsible for hingepoint cell apical constriction (Baker and
Schroeder, 1967; Schroeder, 1970; Freeman, 1972; Burnside, 1973;
Schroeder, 1973; Nagele and Lee, 1980). In fact, early studies that
disrupted the actin cytoskeleton by cytochalasins (Karfunkel, 1972;
Morriss-Kay and Tuckett, 1985; Morriss-Kay, 1981) or by increased
hydrostatic pressure (Messier and Seguin, 1978) resulted in disrup-
tion of neural tube closure. More recent work has built a molecular
pathway supporting the hypothesis that a contractile network drives
apical constriction. Similar to some examples of apical constriction
from other systems, discussed above, key proteins that play roles in
actomyosin contraction are localized apically, including Rho, Rho-
kinase (ROCK), and the motor protein myosin IIB (Hildebrand, 2005;
Kinoshita et al., 2008; Nishimura and Takeichi, 2008). Importantly, the
myosin II motor complex is not only localized apically, but is also
active at the apical surface of the neuroepithelium, as observed by
phosphorylation of the myosin II light chain (pMLC) (Kinoshita et al.,
2008; Nandadasa et al., 2009; Nishimura and Takeichi, 2008). Other
cytoskeletal regulators, including Abl/Arg (Koleske et al., 1998),
Mena/Vasp (Menzies et al., 2004), and MARCKS (Zolessi and Arruti,
2001), are known to function in neural tube closure, but whether
these function speciﬁcally in apical constriction is unclear (Harris and
Juriloff, 2007).
Studies of the protein Shroom3 have been valuable in demon-
strating a conserved vertebrate regulator of apical constriction in the
neural tube. Shroom3 was ﬁrst identiﬁed in mouse as a mutation that
prevented the convergence of neural folds predominantly but not
exclusively in the cranial region, leaving neural folds “mushroomed”
away from the midline (Hildebrand and Soriano, 1999). In mice, the
expression of Shroom3 is dynamic in the neuroepithelium, and it is
expressed in several other tissues including the somites, ventral body
wall, heart, and gut (Hildebrand and Soriano, 1999). In X. laevis,
Xshroom3 RNA expression is initiated in the anterior neural plate and
extends posteriorly (Haigo et al., 2003). Within the neural plate,
Xshroom3 is expressed in the superﬁcial layer (Lee et al., 2009), where
cells undergo apical constriction. Shroom3 protein expression over-
laps with F-actin at both stress ﬁbers and adherens junctions in
primary neural tube cells (Hildebrand and Soriano, 1999) and
localizes to the apical junctions of the neural epithelium (Hildebrand,
2005; Nishimura and Takeichi, 2008).
Shroom3 functions as an apical determinant, required for the
apical accumulation of F-actin, myosin IIB, Rock1, and pMLC in the
neural tube (Haigo et al., 2003; Hildebrand, 2005; Hildebrand and
Soriano, 1999; Nishimura and Takeichi, 2008). In addition, Shroom3can induce a redistribution of the microtubule regulator γ-tubulin,
and is required for the assembly of apically localized parallel
microtubule arrays required to drive apicobasal elongation of neural
tube cells (Lee et al., 2007). However, Shroom3 is not required for
apical ZO-1 localization, indicating that Shroom3 is not essential for all
aspects of apicobasal cell polarity (Hildebrand, 2005; Lee et al., 2007;
Nishimura and Takeichi, 2008). Shroom3 expression is sufﬁcient to
drive apical constriction in undifferentiated and transcriptionally
quiescent polarized blastula cells in X. laevis (Haigo et al., 2003), and
induces wedge-shaped cells in MDCK cell cultures (Haigo et al., 2003;
Hildebrand, 2005). Interestingly, it is likely that Shroom3 expression
alone does not determine the identity of hingepoint cells in the
neuroepithelium as expression of Shroom3 in mouse and chick does
not appear to be restricted to cells undergoing apical constriction
(Hildebrand, 2005; Nishimura and Takeichi, 2008).
How does Shroom3 drive apical constriction? Shroom3 binds to
and recruits ROCKs to the apical junctions (Nishimura and Takeichi,
2008). When the interaction between Shroom3 and ROCK was
antagonized, pMLC failed to accumulate apically and neural tube
closure was disrupted (Nishimura and Takeichi, 2008). Rhos are
known activators of ROCKs (reviewed by Riento and Ridley, 2003),
and thus a reasonable hypothesis is that Rho is required for Shroom3-
mediated apical constriction. However, dominant-negative constructs
that block Rho signaling do not affect Shroom3-mediated apical
constriction (Haigo et al., 2003; Hildebrand, 2005). Instead, Rap1 and
possibly Ras are required for Shroom3 dependent apical constriction
(Haigo et al., 2003). These studies do not exclude a role for Rho in
hingepoint apical constriction. Rho is, in fact, found apically in the
neuroepithelium, and may show a slight accumulation at the
hingepoints (Kinoshita et al., 2008). When Rho signaling was blocked
by the addition of C3 toxin, the myosin II motor complex was not
active, and the neural tube failed to close (Kinoshita et al., 2008).
Additional studies will be necessary to resolve the function of Rap1
and Rho signaling during actomyosin contraction in neuroepithelial
cells, and to further deﬁne the role of Rap1 in Shroom3-mediated
apical constriction.
Despite evidence for a contractile actomyosin network regulating
apical constriction in the neural tube, studies have shown that the
requirement for F-actin during neural tube closure is not a strict one.
In chick embryos treated with cytochalasin D, wedging of dorsolateral
neuroepithelial cells and convergence of neural folds were blocked,
but medial hingepoints were unaffected in the absence of apical
microﬁlaments (Schoenwolf et al., 1988). Similarly, in mouse
embryonic cultures, cytochalasin D treatment prevented neural tube
closure at the cranial region, but the formation of medial hingepoints
and dorsal lateral hingepoints continued in the spinal region, and
spinal neurulation proceeded (Ybot-Gonzalez and Copp, 1999). Thus,
the formation of hingepoints and bending of the neuroepithelia in
cytochalasin D treated embryos suggests that apical constriction in
some hingepoint cells may be actomyosin independent. Alternative
mechanisms for creating hingepoints cells have been proposed,
including expansion of the basal membrane through nuclear
movement. Cells at the medial hingepoint progress through the cell
cycle, but there is an accumulation of cells with longer cell cycles and
shorter mitotic stages (Smith and Schoenwolf, 1988). Using the
observation that mitosis occurs at the apex of the neural plate, Smith
and Schoenwolf (1988) suggest a model in which cells in the medial
hingepoint have lengthened cell cycles; thus the nuclei are positioned
basally for longer periods. This basal expansion may function to
narrow the apical surface in relation to the basal surface, but it
remains unclear whether this contributes to the forces that result in
hingepoint formation and bending of the neuroepithelium.
Many interesting questions remain concerning both the molecular
and cellular mechanisms of hingepoint formation. There is some
evidence that indicates F-actin is localized basally before apical
enrichment: F-actin is more concentrated at the basal sides in mouse
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al., 1982), and in chick at the prospective medial hingepoint (Zolessi
and Arruti, 2001). During later stages of chick neural tube formation,
F-actin and pMLC show a reciprocal pattern, in that F-actin is apically
localized and pMLC is predominantly basal. As neural tube formation
persists, pMLC becomes apically localized (Sai and Ladher, 2008).
Interestingly, myosin II regulatory light chain also becomes reloca-
lized from the basal side to the apical side in Drosophila during apical
constriction of the ventral furrow cells (Nikolaidou and Barrett, 2004).
The function of this cytoskeletal reorganization in the neural tube is
currently unclear. In X. laevis, myosin heavy chain B (MHC-B) is found
cortically, with a concentration at the basal surface in neuroepithelial
cells (Rolo et al., 2009). Knockdown of MHC-B disrupted apical F-actin
accumulation and apical constriction of the neuroepithelial cells (Rolo
et al., 2009). Depleting MHC-B increased deformability of the neural
tissue, possibly by interfering with myosin IIB's role in cortical
integrity (Rolo et al., 2009).
Adhesion, both at cell–cell junctions and at cell–matrix junctions,
is likely to be important in apical constriction, and adhesion proteins
and regulators have been identiﬁed as important players in apical
constriction in the neural tube. Mutations in p190 RhoGAP, a mediator
of integrin-dependent adhesion, result in excess basal accumulation
of F-actin in the neuroepithelium, and apical constriction and neural
tube closure are affected (Brouns et al., 2000). The X. laevis homolog of
Enabled (Xena) is enriched at cell–cell junction complexes, and is
required for apical F-actin accumulation, as well as for apical cons-
triction in the neuroepithelium and cell adhesion (Roffers-Agarwal
et al., 2008). Depletion of N-cadherin in the neural plate causes neural
tube closure defects in X. laevis; however, cell adhesion is not
obviously affected, possibly due to the presence of C-cadherin in the
neural plate (Nandadasa et al., 2009). In neural plate cells with
diminished N-cadherin, apical F-actin and phospho-myosin regula-
tory light chain distributions were disrupted and the apical surface
areas increased, suggesting a loss of cortical tension (Nandadasa et al.,
2009).
Further studies are needed to understand the pathways leading to
hingepoint formation and apical constriction in the neuroepithelium,
and the interplay between actomyosin contraction and cell adhesion.
Cell fate is likely to have a role in determining precisely which cells in
the neuroepithelium will apically constrict. Studies have shown that
the secreted signal Sonic hedgehog (Shh), emanating from the
notochord, and BMP, expressed in the surface ectoderm overlying
the spinal neural folds, can inhibit the formation of dorsal lateral
hingepoints, while the BMP antagonist Noggin induces dorsal lateral
hingepoint bending (Ybot-Gonzalez et al., 2002; Ybot-Gonzalez et al.,
2007). In zebraﬁsh, the ventral expression border of zic2a, a trans-
cription factor, appears to predict the location of the dorsal lateral
hingepoints (Nyholm et al., 2009). An important area of future
research will be to determine what factors cause hingepoint cells to
apically constrict or prevent the apical constriction of neighboring
cells.
Conclusions
Cell and developmental biologists have come a long way toward
building an understanding of apical constriction, from the observa-
tions and hypotheses of Rhumbler in 1902, through physical and
chemical perturbations, to building genetic pathways and dissecting
protein functions, and into an age in which such ﬁndings can be
integrated with biochemical mechanism and an understanding of
force production. This kind of integration is likely to be important to
gain a real understanding of the mechanisms by which development
regulates the morphogenetic forces that shape animals. The connec-
tions established between patterning andmorphogenesis are valuable
steps toward deﬁning the general rules by which forces are spatially
regulated by developmental programs.What can we conclude so far about common themes and
variations? One commonly demonstrated mechanism for the cell
shape change of apical constriction is the localization and activation of
myosin on an F-actin meshwork on the apical sides of cells.
Mechanisms of spatial regulation of this common mechanism appear
to vary widely between organisms and between tissues within an
organism. A highly contractile actomyosin network can be localized to
the apical side of a cell based on diverse sources of apicobasal polarity
information, such as the apically polarized secretion of Fog protein in
Drosophila, apicobasal PAR protein localization in C. elegans, or apical
Shroom localization in Xenopus, mouse, and chick. Some proteins
identiﬁed to date seem unlikely to play conserved roles across the
metazoa, as large groups of animals may lack key proteins. For
example, Shroom is not yet known to exist outside of deuterostomes
and arthropods (Dietz et al., 2006), and Fog appears to be a Droso-
phila-speciﬁc protein (Costa et al., 1994). Which cells will undergo
apical constriction can also be determined by diverse sources of cell
fate information, often involving transcriptional regulation, for
example, by GATA factor proteins in C. elegans gastrulation, bHLH
and zinc ﬁnger proteins in Drosophila gastrulation, and a Drosophila
bHLH/PAS protein in trachea formation. These ﬁndings suggest that
common cytoskeletal mechanisms driving apical constriction are
regulated by a variety of patterning mechanisms (Fig. 2).
Apical constriction can play central roles in diverse morphogenetic
movements, including the internalization of small numbers of cells,
the bending a tissue into a folded sheet, and the initiation of tube
formation. One common theme is that apical constriction is used
frequently in gastrulation. Of course, other classes of morphogenetic
movements are often used in gastrulation as well. Given the diverse
regulators identiﬁed to date, it will be difﬁcult to estimate the extent
to which gastrulation in systems like C. elegans and Drosophila are
conserved modiﬁcations of an ancestral mechanism, as opposed to
independent co-option of apical constriction mechanisms, until
mechanisms are compared in relatives of these organisms.
Contraction of an apical microﬁlament network is not the only way
apical constriction can take place. A shrinking of the apical side of a cell
may also be driven by basolateral lengthening or expansion,
movement of apical surface to lateral domains, or by extracellular
forces, as discussed. The forces that can drive apical constriction do so
in a mechanical context that can result in shrinking of only apical
surfaces, rather than causing cell columnarization, for example, and
such mechanical contexts have been explored only rarely (Davidson
et al., 1999; Ma et al., 2009, for example). Thus, many questions
remain. How much do these other processes act as primary drivers of
apical constriction, and how much do they participate alongside
constriction of an apical actomyosin meshwork? Forces frommultiple
cells can also contribute to a morphogenetic process, such as dorsal
closure in ﬂies. How are multiple forces coordinated to drive
morphogenesis? What determines the degree of redundancy used to
drive a morphogenetic event? Redundancy is a theme developmental
biologists are increasingly able to address with new tools. Despite the
apparent simplicity of apical constriction, redundant mechanisms are
often involved. New computer models, building on the brass bar and
rubber band models of Lewis, may be able to incorporate redundant
mechanisms that may drive morphogenetic movements, and this may
become increasingly important for testing the feasibility of hypoth-
eses and for suggesting key experiments in the future. Likewise, more
sophisticated experimental analyses of the cellular and multicellular
mechanics will lead to better and more accurate models.
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